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Biological ion channels are molecular gatekeepers that control transport across cell membranes. Recreating the functional principle of such systems and extending it beyond physiological ionic cargo is both scientifically exciting and technologically relevant to sensing or drug release 1, 2 . However, fabricating synthetic channels 1, 3 with a predictable structure remains a significant challenge. Here, we use DNA as a building material [4] [5] [6] [7] [8] to create an atomistically determined molecular valve that can control when and which cargo is transported across a bilayer. The valve, which is made from seven concatenated DNA strands, can bind a specific ligand and, in response, undergo a nanomechanical change to open up the membrane-spanning channel. It is also able to distinguish with high selectivity the transport of small organic molecules that differ by the presence of a positively or negatively charged group. The DNA device could be used for controlled drug release and the building of synthetic cell-like or logic ionic networks 9, 10 . The re-engineering of biological protein pore scaffolds is a successful approach 9, 11, 12 that has led, for example, to components for label-free biosensing 13, 14 and portable genome sequencing 15, 16 . Creating completely new pore architectures with different materials can offer greater design freedom and translate into more functions and applications [17] [18] [19] [20] . A key challenge in the de novo design of membrane channels is, however, to achieve an atomistically defined structure of predictable nanomechanical properties, because the traditional building blocks of polypeptides and organic polymers are flexible even though progress has been made to overcome the inherent limitations 1, 3 . DNA, by contrast, is known to fold into pre-determined structures [21] [22] [23] [24] [25] [26] and is hence able to meet an important criterion required for creating synthetic channels. Indeed, very recently, membrane-spanning DNA nanopores have been built to feature a central hollow barrel that is open at both ends [4] [5] [6] [7] [8] . The barrel is composed of six hexagonally arranged, interconnected DNA duplexes that enclose a 2-nm-wide lumen with a tunable height ranging from 17 to 42 nm. The innovative step was the inclusion of hydrophobic anchors 4, 6, 8 to insert the negatively charged pores into the hydrophobic bilayer membrane. Although of novelty and considerable interest 27, 28 , the barrels do not exploit the full design scope offered by DNA nanotechnology and do not exhibit the higher-order functions of ion channels that can bind ligands, respond by nanomechanical opening, and select cargo for transport.
We used the simple geometric shape of an open barrel as a starting point to rationally design a nanodevice that can regulate the flux of matter across a bilayer membrane. The aim of the first design step was to reduce the pore height to approximately the bilayer thickness and thereby avoid structural flexibility and potential leakiness 29 . A height of 9 nm was achieved with nanopore NP (Fig. 1a) . This six-helix-bundle architecture features six concatenated DNA strands, each of which connects two neighbouring duplexes at their termini via single-stranded loops (Fig. 1b) . This connectivity is drastically simpler than classical origami 22 based on caDNAno software 30 where oligonucleotides run through multiple duplexes and give a minimum height of ∼15 nm (refs 4,30) . Our design with connections at the duplex ends also avoids traditional internal cross-overs, which cause structural deviations from parallel aligned duplexes 31 . The second step was to design a molecular gate that closes one barrel entrance but re-opens the channel upon binding of a ligand. A controllable lid has previously been constructed with a hingetethered DNA origami plate for a water-soluble origami box 25 . However, our molecular models supported by biophysical studies 29 suggest that the plate might be structurally too flexible and leaky to form a tight seal to the pore. As a solution, we designed a nanodevice that, in its closed state NP-C (Fig. 1c) , features a simple 'lock' strand that is bound closely to the entrance by hybridization to two docking sites to form a duplex across the channel opening. The docking sites are formed by the extension of two duplex staves. Importantly, a 'key' can hybridize to the lock and physically remove it to render the device in the open state, NP-O (Fig. 1c) . Based on the dimensions of the 2-nm-wide channel, we expected the device to regulate the flow of small organic molecules, which include many medically important drug compounds. As a final design step, we equipped the nanodevices with hydrophobic cholesterol groups (Fig. 1d) to anchor the hydrophilic nanostructures into the lipid bilayer (Fig. 1c) .
We implemented our design by first constructing nanopore NP (Fig. 1a) to test if two connecting loops between each two-duplex staves are sufficient to form a stable channel. As an additional motivation, the pore was built to serve as a reference standard for the structural derivatives NP-C and NP-O. Pore NP was assembled by annealing within 15 min six oligonucleotides of 50 nt length (Supplementary Tables 1 and 2 , Supplementary Figs 1-3) . The assembly progressed to completion, as demonstrated by a single band in gel electrophoresis for pores with and without lipid anchors (Fig. 2a, lanes  1 and 2, respectively) . SDS was added to the electrophoresis buffer to avoid band smearing 5 caused by the hydrophobic lipid anchors ( Supplementary Fig. 3 ) 8 . Successful formation of the barrel was also supported by the faster migration of control samples with incomplete sets of DNA strands (Fig. 2a, lanes 4-7) . Atomic force microscopy (AFM) of NP (Fig. 2b) yielded a length and width of 9.0 ± 1.5 nm and 5.1 ± 1.1 nm (full-width at half-maximum, n = 15), respectively, in agreement with the dimensions of the pore after correcting for tip broadening. To support the determination of the pore width, we examined a variant NP short loop with shortened loops between the duplexes. The shortened duplex hairpins enabled base π-stacking between head-to-tail assembled pores, as seen in AFM analysis (Fig. 2b, Supplementary Fig. 4 ). The resulting 50-nm-long features had a width of 6.8 ± 1.3 nm (n = 16), but only exist at the solid interfaces and not in solution, as confirmed by dynamic light scattering (data not shown). To test whether regular NP pores with lipid anchors insert into bilayers, we determined the melting temperature of the DNA barrel. Consistent with membrane interaction, the melting temperature T m increased by ∼5°C (Fig. 2c) , while pores without anchors were unaffected ( Supplementary Fig. 5 ).
Single-channel current recordings were used to examine whether NP is membrane-spanning and structurally stable in the bilayer. A positive outcome would validate our non-traditional DNA architecture. Pore NP formed a stable channel across the membrane, as shown by a steady current in a representative current trace at +40 mV (Fig. 2d) and a narrow distribution of conductances ( Fig. 2e ; mean of 1.62 ± 0.09 nS, n = 100). The pore is also ohmic in behaviour ( Supplementary Fig. 6 ), reflecting its vertical symmetry. Additional recordings in the presence of poly(ethylene glycol) (PEG) of known hydrodynamic diameter were used to confirm the expected channel width of the NP lumen. The basis of the approach is that polymers smaller than the channel width partition into the pore to reduce its conductance, while larger PEG probes unable to migrate into the lumen do not block conductance. Indeed, smaller PEGs such as those with a molecular mass of .0 and at +40 mV relative to the cis side of the membrane, which is defined in Fig. 1c . e, Histogram of channel conductances obtained from 100 independent single-channel recordings at +20 mV. f, Current traces of individual pores in the absence and presence of PEG molecules with the indicated mean molecular mass recorded at +20 mV. g, Pore blockade depends on the hydrodynamic diameter of PEG. Data were derived from seven independent measurements for PEG62, four for PEG200 to 400, and three for PEG600 to 3350.
200 lowered the current of the DNA pore compared to large polymers ( Fig. 2f , Supplementary Fig. 7 ), as summarized in a plot of relative current change versus PEG hydrodynamic diameter (Fig. 2g) . The upper transition point of 1.8 nm represents the PEG size that is just too big to enter the pore, and closely matches the expected channel width of 2.0 nm (ref. 7) . The hourlong recordings-comprising the repeated addition of PEG solutions followed by washing out-also confirmed that the pore can stay open under testing conditions without collapsing ( Supplementary Fig. 7 ). At potentials higher than 60 mV, the NP adopted a lower conductance state ( Supplementary Fig. 6 ) that does not affect functionality as the NP-derived nanodevice is operated via a ligand at zero potential. After confirming the design principle, we tested the fabrication of ligand-triggered nanopore NP-C. The device features a lock at the channel entrance (Fig. 1c) and was built by annealing the component DNA strands including the six DNA barrel strands and the lock oligonucleotide (Supplementary Tables 1 and 2 , Supplementary Figs 1 and 2 ). Self-assembly of construct NP-C was complete, as shown by a single band in gel electrophoresis (Fig. 3a) . Similarly, open-state NP-O was formed by annealing the six barrel strands (Supplementary Tables 1 and 2 , Supplementary  Figs 1 and 2) , yielding a single band that migrated at a different height to NP-C (Fig. 3a) . Accompanying fluorescence resonance energy transfer (FRET) analysis demonstrated that NP-C was converted into NP-O by adding the key oligonucleotide to trigger the nanomechanical removal of the lock DNA ( Fig. 3b and Supplementary Fig. 8 ). The signal of the acceptor positioned at the lock decreased (Fig. 3b, red) , while the signal for the donor at the docking site increased (Fig. 3b, blue) . The key-and-lock interaction was specific, because a key with a non-matching sequence (Supplementary Table 1) did not lead to a change (data not shown). The key-induced transition from NP-C to NP-O was also confirmed with gel electrophoresis (Supplementary Fig. 8 ).
To prove that the lock is obstructing the channel entrance, we conducted nanopore recordings of NP-C as well as NP-O for comparison. Indeed, blocked NP-C had a lower conductance of 0.66 ± 0.06 nS (n = 27, Fig. 3c ,i, c,ii) than open NP-O with 1.34 ± 0.08 (n = 29, Fig. 3d,i, d ,ii). The lock in NP-C did not completely abolish the pore current because of the small 0.2 nm-sized gaps between the pore wall and the lock (Supplementary Fig. 2 ) and possibly the ion permeability of the DNA channel wall 29 . The molecular difference at the channel entrance was also apparent in the electronic signature of current traces recorded at a steady voltage (Fig. 3c,i, d ,i) and for a voltage ramp from −100 to +100 mV (Fig. 3c,iii, d,iii) . NP-C was electrically quiet (Fig. 3c,i, c,iii) , but NP-O was noisier (Fig. 3d,i ) and featured very frequent and short downward spikes at a positive potential (Fig. 3d,iii) . The spikes are probably caused by the electrophoretically induced flapping of negatively charged docking sites towards the positive potential at the trans pore side (Fig. 3d,iii, Supplementary Figs 9 and 10 ), something that cannot occur when the docking sites are held static by the lock in NP-C (Fig. 3c,iii and Supplementary Fig. 11 ). These recordings are striking because they offer a unique view of the molecular and dynamic properties of the rationally designed nanopores at the single-molecule level. Under the conditions used for current recordings, the pores inserted into the membranes with two different orientations (Supplementary Figs 9-11 ). Directional insertion was not the focus of this study but can be achieved by placing hydrophobic anchors at one pore terminus 6, 8 .
With the molecular characterization of NP-C and NP-O in place, the next step was to investigate the use of NP-C for controlling the release of small-molecule cargo from lipid vesicles. We first used open-channel NP-O to establish whether and which molecules can pass the pore. Fluorophores were chosen as cargo due to their simple detection and their ability to mimic the release of small molecules such as drugs. In the transport assay, the fluorophores are self-quenched at high concentrations inside the vesicles, but increase in emission upon nanopore-mediated release into the solvent (Fig. 4a and Supplementary Figs 12 and 13) . NP-O displayed a remarkable ability to detect charge in the cargo. For example, fluorophore sulpho-rhodamine B (SRB), with one positive and two negative charges (Fig. 4a, green ; maximum size of 0.7 nm), transported successfully (Fig. 4b,c, green) . By contrast, replacement of the positive with a negative charge such as in 6-carboxyfluorescein (CF) of the same parent structure (Fig. 4a, red) led to a 13-fold reduced transport, as determined from the net difference of fluorescence between the beginning and end of the release curves (Fig. 4b,c, red and Supplementary Fig. 13 ). The electrostatic selection of the DNA nanopore is due to its negatively charged wall, because the protein pore α-haemolysin (α-HL), which has an almost charge-neutral lumen with a diameter ranging from 1.3 to 2.9 nm (ref. 32) , did not distinguish the two fluorophores (Fig. 4c) . Furthermore, the very low transport of CF through NP-O strongly indicates that pore insertion into vesicles did not cause major vesicle rupturing or fluorophore leakage, although a minor effect cannot be ruled out.
Having established the cargo-selecting properties with NP-O, the successful lock-and-key mechanism was investigated with NP-C. Using SRB as a probe molecule, we examined whether the nanodevice can control transmembrane transport in response to the DNA key (Fig. 4a) . Vesicles carrying closed-state NP-C that were exposed to a mismatched key only showed a very small flux (Fig. 4d) , in line with expectations that the lock would block passage (Fig. 1c) . Adding the matching key to convert NP-C to open-state NP-O, however, led to a 140-fold increase in flux, consistent with the sequence-specific removal of the lock from the nanodevice. The analysis of flux also confirmed that NP-O has a 130-fold higher selectivity (Fig. 4d) for probe SRB over CF, which differ solely by the replacement of a positive charge with a negative charge.
We have successfully developed a bio-inspired nanomechanical device to achieve the sequence-specific and controlled release of small-molecule cargo from vesicle containers. This next-generation nanopore advances the field of artificial DNA channels as it combines ligand-triggered channel opening and high selectivity for small-molecule cargo [4] [5] [6] [7] [8] [9] . The functional performance-judged by the high difference in flux between closed and open channels, and for transported molecules differing by the presence of a positive or a negative charge-matches or exceeds natural templates. Key to the successful fabrication of the channel were the favourable properties of DNA as a predictable and simple-to-handle building material for de novo design. In addition, the simple architecture of the small DNA channel was produced with high yields and at low material costs to facilitate the future easy adoption of the technology by other scientists. The artificial ligand-gated channel extends the range of available biomimetic DNA materials, which so far includes molecular motors 26 , antibodies 33 and multi-enzyme complexes 34 . The principle of triggered opening may be used to facilitate the transport of larger molecules, after adapting the pore geometry. Similarly, the present ion selectivity imposed by the negatively charged DNA pore walls could be altered using nucleic acid analogues with a neutral backbone or positively charged bases. In conclusion, our report establishes the benefits of using DNA for the construction of advanced synthetic bilayer nanochannels. It thereby synergistically combines three exciting research areas-DNA nanotechnology, nanopores and single-molecule research-and addresses the demand for functional DNA nanostructures. 
Methods
Methods and any associated references are available in the online version of the paper. 
Materials. Native and cholesterol-labelled DNA oligonucleotides were purchased from Integrated DNA Technologies on a 1 μmol scale with HPLC or PAGE purification. 1,2-Diphytanoyl-sn-glycero-3-phosphocholine (DPhPC), 1,2-dioleoylsn-glycero-3-phosphoethanolamine (PE) and 1,2-dioleoyl-sn-glycero-3-phosphocholine (PC) were procured from Avanti Polar Lipids. All other reagents and solvents were purchased from Sigma-Aldrich.
DNA assembly. Information on the DNA oligonucleotide sequences, twodimensional DNA maps and pore dimensions is provided in Supplementary Tables  1 and 2 and Supplementary Figs 1 and 2 . An equimolar mixture of DNA oligonucleotides (1 nmol each, dissolved in buffer A: 0.3 M KCl, 15 mM Tris pH 8.0; total volume 1,000 μl) was prepared at room temperature, incubated at 95°C for 2 min and cooled to 20°C at a rate of 5°C per min (unless stated otherwise) using a Varian Cary 300 Bio UV-vis spectrophotometer with a Peltier cooling element or a PCR thermocyler. The cholesterol-free versions of the nanopores were used for characterization via AFM and for some gel electrophoretic analysis, as described in the figure legends and accompanying text. All other experiments were conducted with cholesterol-containing pores.
SDS-PAGE.
The assembled DNA barrels were analysed using a 10% polyacrylamide gel with a 5% stack using standardized buffers as conventionally used for proteins. A solution containing 6-10 pmol DNA was mixed with 6 μl gel loading dye before loading into the wells. The gel was run at 160 V for 60 min at 8°C. The bands were visualized by staining with ethidium bromide solution followed by ultraviolet illumination. A 100-base-pair marker (New England Biolabs) was used as the reference standard for migration.
Agarose gel electrophoresis. The assembled DNA barrels were analysed using 1.1-1.3% agarose gel using TAE buffer pH 8.0. A solution containing 5 pmol DNA was mixed with 5 μl gel loading dye before transferring the solution into wells. The gel was run at 70 V for 60 min at 8°C. The bands were visualized by ultraviolet illumination after staining with ethidium bromide solution. A 100-base-pair marker (New England Biolabs) was used as the reference standard.
AFM. For AFM analysis of NP, DNA barrels were absorbed onto mica following a published procedure 35 . To freshly cleaved mica, a 0.01% solution of poly-L-lysine (50 µl, M w = 150,000-30,000, Sigma Aldrich) was added and incubated for 5 min. Excess liquid was removed, and the surface was washed five times with deionized water (100 µl). Subsequently, 10 mM Tris pH 7.7 (45 µl) and NP solution (5 µl, 0.1 µM in buffer A) was added, and AFM topographical images were acquired in situ at room temperature using a multimode AFM with a Nanoscope VIII controller (Bruker). Using a reflective gold-coated (back side) MSNL cantilever E with a spring constant of 0.1 N m -1 , in PeakForce tapping mode with a set point of 0.016 V, at a PeakForce frequency of 2 kHz with a 5 nm PeakForce amplitude.
For AFM analysis of NP short loop , DNA barrels were adsorbed onto mica following a modified version of a published procedure 36 . A 100 nM solution of the DNA nanopore in buffer A, which had been cleared of particulate matter by centrifugation at 16,000 r.p.m. for 20 min at 4°C, was incubated on freshly cleaned mica for 5 min. AFM topographical images were acquired in situ at room temperature using a multimode AFM with a Nanoscope IV controller (Bruker) and a reflective gold-coated (back side) MSNL E cantilever. The nominal spring constant of the cantilever was 0.06 N m -1 and the resonance frequency was 7.3 kHz. Images were analysed using Nanoscope Analysis software.
Preparation of small unilamellar vesicles (SUVs).
A solution of 10 mM DPhPC with 10% cholesterol in chloroform (200 µl) was added to an oven-dried round bottom flask (10 ml). The solvent was removed under vacuum using a rotary evaporator for 20 min, after which the thin film was dried under ultrahigh vacuum for 3 h. Deionized water (1 ml) was added and the solution was sonicated for 20 min at room temperature. SUVs were stored in the fridge and used within 1 week. Before experimentation, the SUV solution was vortexed for 2 s. SUVs were subjected to dynamic light scattering to confirm the diameters of the vesicles using a Zetasizer Nano S from Malvern.
Melting point analysis using UV absorption spectroscopy and FRET analysis. The melting temperature T m of the nanostructures was determined using a Varian Cary 300 Bio UV-vis spectrophotometer equipped with a Peltier element and a quartz cuvette with a path length of 1 cm. Samples at a DNA concentration of 0.1 µM and DPhPC vesicles at a lipid concentration of 500 µM in buffer A were analysed by monitoring absorbance changes at 260 nm on heating at a rate of 1°C per minute. After correcting for the solvent background, the absorbance change was differentiated to identify T m .
For FRET analysis, absorption readings for FAM and TAMRA fluorophores were obtained using a Varian Eclipse fluorescence spectrometer using a quartz cuvette with a path length of 1 cm . The samples were analysed at excitation wavelengths of 495 and 557 nm with a 5 mm slit width and a scanning rate of 600 nm per minute. Nanopore current recordings. Electrophysiological current measurements were conducted using a chip-based, parallel bilayer recording set-up (Orbit 16, Nanion Technologies) with multi-electrode-cavity-array (MECA) chips (Ionera Technologies) 37 . The electrolyte solution was buffer B (1 M KCl, 10 mM HEPES pH 8.0), unless stated otherwise. Bilayers were automatically formed by remotely actuated spreading of DPhPC dissolved in octane (10 mg ml −1 ). For pore insertion, a 2:1 mixture of cholesterol-anchored DNA nanopores and 0.5% n-octyl-oligo-oxyethylene dissolved in buffer B was added to the cis side of the bilayer to a final concentration of 10 nM nanopores. A positive voltage of +40 mV was applied to facilitate pore insertion. The detergent increased the insertion frequency of DNA nanopores into the planar lipid bilayer. We note that channel incorporation into SUVs proceeded without the need for detergents, most probably because curved bilayers with membrane defects catalyse pore insertion.
The voltage-ramp recordings were conducted by increasing the voltage at a rate of 40 mV s −1 . To determine the size of the pore diameter, currents were recorded in buffer B containing 0.2 g ml −1 PEG with an exact molecular mass of 62 and mean molecular masses of 200 (M n range from 190 to 210), 300 (M n , 285-315), 400 (M n , 380-420), 600 (M n , 570-630), 1,000 (M n , 950-1,050) and 3,350 (M n , 3,015-3,685). Pore conductance was measured first under standard electrolyte conditions, followed by adding the PEG solution to the cis chamber and mixing via careful and repeated pipette aspiration. Equilibration was achieved when there was no change in pore current. To measure the conductance of a given single channel in dependence on PEG with molar masses of up to 400, polymer in the electrolyte solution in the cis chamber was removed by repeated washing with buffer B to obtain the original non-blocked current, followed by adding the next PEG-containing solution and mixing. For PEG600 and higher, the conductance of pores was measured only for one given polymer size because washing out of the probe molecules would have taken more than an hour. The ionic current data were Bessel filtered at 2.873 kHz and acquired at 50 kHz using an EPC-10 patch-clamp amplifier (HEKA Elektronik) with the PATCHMASTER software (HEKA Elektronik) or filtered at 5 kHz and acquired at 50 kHz with an Axopatch 200B amplifier in combination with Digidata 1440A (Molecular Devices). Single channel analysis was performed using Clampfit (Molecular Devices).
Preparation of fluorophore-filled SUVs, and assay on NP-O-or NP-C-mediated release. A solution of lipids PE (0.3 mmol, 50 µl) and PC (0.7 mmol, 550 µl) in chloroform was added to a 10 ml round bottom flask. The solvent was removed using a rotary evaporator to yield a thin film, which was subsequently dried under ultrahigh vacuum for 3 h. The lipid was re-suspended in a solution of buffer A (1 ml) containing either CF or SRB at a concentration of 50 mM. The solution was sonicated for 20-30 min at room temperature, followed by purification with a NAP-10 column (GE Healthcare) filled with buffer A. Purified SUVs were subjected to dynamic light scattering (DLS) to confirm the vesicles' diameter using a Zetasizer Nano S from Malvern. SUVs were left to equilibrate for 5 h and used within 24 h. The suspension was gently resuspended 2 s before use. UV-vis absorbance and fluorescence spectroscopy on a small aliquot confirmed that the encapsulated dyes were self-quenched and did not leak out of the vesicles before rupturing them with Triton-X 100. To a volume of 1 ml SUV suspension, DNA nanopores and protein pore α-HL were added to final concentrations of 1 µM and 0.1 µM, respectively. Nanopore-mediated release was monitored by measuring absorption at 495 nm and 564 nm and emission at 515 nm and 585 nm for CF and SRB, respectively, as described 38 . Experiments were conducted at 30°C, and total release values were measured after 1 h. Emission and absorption showed the same corresponding change.
Preparation of fluorophore-filled large unilamellar vesicles (LUVs) by reversephase hydration for assay on nanopore-mediated release triggered by NP-C opening with a key. Solutions of lipids PE (0.15 mmol, 25 µl) and PC (0.35 mmol, 275 µl) in chloroform were added to a 10 ml round bottom flask, to which methanol (10 µl), NP-C (150 µl, 1 µM in buffer A) and either fluorophore CF or SRB (50 µl, 200 mM, in buffer A) were added. To generate the LUVs with embedded NP-C, the organic solvent was removed under vacuum using a rotary evaporator for 2 min (ref. 39) . Non-encapsulated fluorophores were removed by chromatography with NAP-10 columns (GE Healthcare) and eluting LUVs in 250 µl fractions. UV-vis absorbance spectroscopy on a small aliquot confirmed that the encapsulated dyes were self-quenched and did not leak out of the vesicles before intentionally rupturing them with Triton-X 100. DLS analysis characterized the size of the LUVs, and SDS-agarose gel electrophoresis confirmed the presence of NP-C in the LUVs (data not shown). Key-mediated opening of NP-C and fluorophore release was carried out within 2 h of vesicle preparation at room temperature by monitoring absorbance at 495 nm and 564 nm for CF and SRB, respectively, as described 38 .
